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ABSTRACT: We have used labeling conditions that permit the specific and covalent attachment of erythrosin
isothiocyanate (Er-ITC) to Lys464 within the phosphorylation domain of the Ca-ATPase in skeletal
sarcoplasmic reticulum membranes. These labeling conditions do not interfere with high-affinity ATP
binding, phosphoenzyme formation, or phosphoenzyme hydrolysis [Huang, S., Negash, S., and Squier, T.
C. (1998)Biochemistry 37, 6949-6957]. Thus, we can use frequency-domain phosphorescence spectroscopy
to measure the rotational dynamics of the Ca-ATPase stabilized in different enzymatic states corresponding
to the absence of bound ligands (E), calcium activation (E‚Ca2), the presence of bound nucleotide (E‚
ATP), and formation of phosphoenzyme (E-P). We resolve three rotational correlation times corresponding
to (i) a large-amplitude domain motion of the phosphorylation domain (φ1 ≈ 5 ( 1 µs), (ii) overall protein
rotational motion with respect to the membrane normal (φ2 ≈ 50 ( 10 µs), and (iii) the rotational motion
of the SR vesicles (φ3 ≈ 1.1 ( 0.4 ms). No differences are observed in the rotational dynamics of E,
E‚ATP, or E-P, indicating that phosphoenzyme formation or nucleotide binding result in no global
structural changes involving the phosphorylation domain. In contrast, calcium activation enhances the
amplitude of motion of the phosphorylation domain. These observed calcium-dependent changes in
rotational dynamics result from structural changes within a single Ca-ATPase polypeptide chain, since
protein-protein interactions do not change upon calcium binding. Thus, calcium binding induces concerted
domain motions within a single Ca-ATPase polypeptide chain that may play a critical role in facilitating
substrate binding and utilization.

The Ca-ATPase present in sarcoplasmic reticulum (SR)1

membranes functions to re-sequester calcium ions following
excitation-contraction coupling, and normally represents the
rate-limiting step associated with muscle contraction (1). The
vectorial transport of calcium involves the structural coupling
between the spatially distant nucleotide and calcium binding
sites, found respectively in the cytoplasmic region and
transmembrane helices (2). The cytoplasmic portion of the
Ca-ATPase contains multiple domains whose relative ori-
entation with respect to one another has been suggested to
be important to catalytic function due to (i) sequence
homology with water-soluble kinases and (ii) large differ-
ences in the tertiary structures of the cytoplasmic domains
of the Ca-ATPase or homologous H+-ATPase determined
under conditions expected to stabilize different enzymatic
states (3-9). Thus, the H+-ATPase crystallized in an

unliganded form or the Ca-ATPase in the presence of
millimolar calcium contains considerable electron density
near the membrane surface and exhibits a relatively open
conformation (8, 9). In contrast, tubular crystals of the Ca-
ATPase stabilized in a conformation thought to mimic the
phosphoenzyme intermediate obtained in the presence of
decavanadate demonstrate a narrow stalklike region con-
necting the cytosolic regions to the transmembrane helices
(5, 7). These results suggest that large structural rearrange-
ments involving cytoplasmic domains of the Ca-ATPase may
facilitate ion translocation. However, the relationship between
the resolved structures and physiological states of the Ca-
ATPase remains uncertain due to the presence of multiple
forms of vanadate in the crystallization medium or the
binding of calcium to low-affinity sites. To identify structural
differences between cytoplasmic domains of the Ca-ATPase
under more physiological conditions, we have used frequency-
domain phosphorescence spectroscopy to measure the rota-
tional dynamics of the phosphorylation domain of the Ca-
ATPase covalently modified at Lys464 with erythrosin
isothiocyanate, which possesses long-lived excited states
approaching the turnover number of the Ca-ATPase (4, 6,
10-12). Under these labeling conditions the Ca-ATPase
remains catalytically active (12), permitting the measurement
of dynamic structural changes of the phosphorylation domain
within a functional Ca-ATPase stabilized in different enzy-
matic states.
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EXPERIMENTAL PROCEDURES

Materials. KCl was purchased from Research Organics
(Cleveland, OH). Sucrose, TRIS (free base), and MOPS
[3-(N-morpholino)propanesulfonic acid] were obtained from
Fisher Scientific (Pittsburgh, PA). CaCl2 standard solution
was from VWR (St. Louis, MO). A23187, ammonium
molybdate, ATP (disodium salt), isomer II of erythrosin
5-isothiocyanate (Er-ITC), erythrosin 5-iodoacetamide (Er-
IA), EGTA, isomer I of fluorescein 5-isothiocyanate (FITC),
â-D(+)-glucose, MgCl2, and sulforhodamine B (Texas Red)
were from Sigma (St. Louis, MO). Polyoxyethylene 8-lauryl
ether (C12E8) was from Nikkol Co. (Tokyo, Japan). Bovine
serum albumin (BSA), glucose oxidase, and catalase were
from Worthington (Freehold, NJ). 2-[3-(Diphenylhexatrie-
nyl)propanoyl]-1-hexadecanoyl-sn-glycero-3-phosphocho-
line (DPH-PC) was obtained from Avanti (Alabaster, AL).
SR membranes were isolated from rabbit fast-twitch skeletal
muscle, essentially as previously described (13). SR lipids
were extracted as previously described (14, 15). All samples
were stored in 20 mM MOPS (pH 7.0) and 0.3 M sucrose at
-70 °C.

DeriVatization of Samples with Optical Probes.Er-ITC
was covalently bound to Lys464 on the Ca-ATPase at a
stoichiometry of approximately 1 nmol of Er-ITC bound/
mg of SR membranes, as previously described in detail (12).
Lys515 within the Ca-ATPase was labeled with FITC as
previously described (16). Sulfhydryls in BSA (10 mg mL-1)
were derivatized with 70µM Er-IA in 30 mM MOPS (pH
7.5), 5 mM MgCl2, and 0.1 M KCl at 25°C for 15 min,
resulting in the incorporation of 0.15 mol of Er-IA/mol of
BSA.

Incorporation of DPH-PC into Membranes.DPH-PC was
incorporated into SR membranes by incubating 50µM DPH-
PC with 5 mg mL-1 SR membranes in 50 mM MOPS (pH
7.0) overnight on ice, followed by centrifugation to remove
unincorporated DPH-PC. Alternatively, DPH-PC was added
to SR lipids dissolved in CHCl3 at a molar ratio of 1:100;
lipids were dried overnight under a vacuum, and vesicles
were formed by bath sonication in 50 mM MOPS (pH 7.0)
and 10% (w/v) sucrose for 30 min. Large aggregates were
removed by ultracentrifugation, essentially as previously
described (17).

Enzymatic ActiVity Assays.The rate of ATP hydrolysis
was measured as an ammonium molybdate complex of
phosphate (18). Measurements of total and calcium-
independent ATPase activity involved the addition of the
indicated concentration of an equimolar solution of MgCl2

and ATP to 0.02 mg mL-1 SR vesicles in a medium
containing 35 mM MOPS (pH 7.0), 100 mM KCl, 5 mM
MgCl2 , 4 µM A23187, and either 100µM CaCl2 or 2 mM
EGTA at 25°C.

Diameter of SR Vesicles.The average diameter of SR
vesicles was measured using a Nicomp 370 submicron
particle sizer dynamic (Santa Barbara, CA), and the distribu-
tion of vesicle sizes was fit to a Gaussian distribution (19).

Phosphorescence Measurements.Approximately 1 mW of
514 nm modulated light from an argon ion laser (Coherent
Corp., Palo Alto, CA) was used to excite (i) Er-ITC-
derivatized SR vesicles (0.3 mg/mL) suspended in buffer A
[35 mM MOPS (pH 7.0), 0.1 M KCl, 5 mM MgCl2, and 0.3
M sucrose] or buffer B [20 mM MES (pH 6.0), 20 mM

MgCl2, 20 mM K2HPO4, and 0.3 M sucrose] in the presence
of 100 µM CaCl2 or 200 µM EGTA or (ii) Er-IA-labeled
BSA (0.5 mg/mL) in 20 mM MOPS (pH 7.0) and 90% (w/
w) glycerol. The phosphorescence emission was collected
following a Schott RG697 long-pass filter (Figure 1A). Prior
to the measurement of phosphorescence, the concentration
of dissolved oxygen was reduced enzymatically by the
addition of 17 mM glucose, 3 units of glucose oxidase
activity, and 30 units of catalase activity, and subsequent
incubation in the dark for at least 5 min (20). Independent
oximetry measurements involving spin-label EPR spectros-
copy were performed as previously described (21), and
indicate that the concentration of dissolved oxygen was less
than 70µM under these conditions. Phosphorescence lifetime
and anisotropy measurements were performed using an ISS
K2 frequency-domain fluorometer (ISS Corp., Champaign,
IL). The intensity of the excitation laser was modulated with
a Pockels cell coupled to a frequency generator (Marconi
Instruments LTD, Stevenage, Hertz, U.K.) and an ISS K2.LF
low-frequency modulator. To avoid color effects, lifetime
measurements were made in the ratio mode, using Texas
Red (<τ> ) 2 ns) dissolved in methanol as the reference.
The quantum yield of Er-ITC bound to the Ca-ATPase in
buffer A and 0.1 mM CaCl2 was determined to be 0.02 using
fluorescein as a reference, which has a quantum yield of 0.85
(22).

Fluorescence Measurements.Excitation of FITC-deriva-
tized SR membranes (0.05 mg/mL) suspended in buffer A
and 100µM CaCl2 involved the 493 nm line of an argon
ion laser (Coherent Corp.), and emitted fluorescence was
detected after a Schott OG-530 long-pass filter using a Glan-
Thompson polarizer set parallel or perpendicular to the
vertically polarized excitation light. Excitation of DPH-PC
(2 µM) in SR membranes (0.2 mg mL-1) or in vesicles made
from extracted SR lipids (200µM) involved excitation at

FIGURE 1: Phosphorescence emission spectra and sensitivity to
microsecond rotational dynamics. (A) Emission spectra are shown
for Er-ITC-modified Ca-ATPase (0.3 mg mL-1) at 25 °C in the
absence (dotted line) or presence (solid line) of 3 units of glucose
oxidase, 30 units of catalase, and 17 mM glucose. (B) Comparison
of the measured (φexp) and theoretical (φtheory) rotational correlation
times for Er-IA-labeled BSA in 90% (w/w) glycerol assuming the
Stokes-Einstein equation (91), where φtheory ) 1/6Dr )
Vη/kT. Dr is the rotational diffusion coefficient of BSA,V is the
volume (110.4 nm3) assuming 34% hydration (92), η is the viscosity
in Poise, k is Boltzmann’s constant, andT is the absolute
temperature in degrees Kelvin. The temperature was varied from
2, 13, 15, and 20°C; the corresponding viscosities of 90% (w/w)
glycerol (in Poise) were 10.7, 3.8, 3.2, and 2.2 (93). Error bars
represent one standard deviation, and were determined from a
Global analysis of the data using theF-statistic (30). A line with a
slope of 1.0 is drawn to facilitate comparison. A least-squares fit
of the data yields a slope of 0.93( 0.01.
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351 nm, and the fluorescence was detected after a Corning
3-73 long-pass filter. Lifetime and anisotropy measurements
were made using an ISS-K2 fluorometer (see above), and
data were fit using frequency-independent errors of 0.2° for
the phase and 0.02 for the modulation, as previously
described (17).

Data Analysis.Decreases in the emission anisotropy [A
) (1/P - 1/3)-1] of FITC bound to the Ca-ATPase upon
increasing the labeling stoichiometry result from fluorescence
resonance energy transfer (FRET), and provide information
regarding subunit interactions between neighboring Ca-
ATPase polypeptide chains (23-25), where

A(Ao,As,At) is the measured emission anisotropy,f is the
labeling stoichiometry of FITC per mole of Ca-ATPase,N
is the apparent oligomeric state of the Ca-ATPase,Ao is the
initial emission anisotropy in the absence of FRET,As is
the emission anistropy when all FITC labeling sites within
the Ca-ATPase oligomeric complex are saturated, andAt is
the emission anisotropy after one FRET event. Fitting the
data involves incrementally adjustingN by integral values
and solving forAo, As, andAt, which provide information
regarding both the spatial separation and the orientation of
chromophores on adjacent Ca-ATPase polypeptide chains
(23, 24). In the presence of a heterogeneous population of
Ca-ATPase polypeptides with the two known oligomeric
statesNa andNb, the fractional contribution of each species
can be determined from

Phosphorescence intensity or anisotropy decays were fit
to a sum of exponentials using the method of nonlinear least-
squares using explicit expressions that permit the calculation
of the lifetime components for a multiexponential decay (Ri

and τi). Alternatively, appropriate expressions have been
derived that permit determination of the initial anisotropy
(r0), the rotational correlation times (φi), and the amplitudes
of the total anisotropy loss associated with each rotational
correlation time (r0gi). The derivation and application of these
expression have previously been described in detail (26-
28). Data were fit using the Globals software package
(University of Illinois, Urbana-Champaign). Unless other-
wise indicated, data were analyzed using frequency-
independent errors in the phase and modulation that were
assumed to be 0.2° and 0.005, respectively.

RESULTS

Frequency-Domain Phosphorescence Anisotropy Mea-
surements of Microsecond Rotational Dynamics.In contrast
to the widespread use of frequency-domain (FD) methods
in fluorescence spectroscopy (29), there are currently limited

examples in which FD phosphorescence measurements have
been used to investigate the microsecond rotational dynamics
of biological macromolecules. Therefore, to ensure the
reliability of the FD phosphorescence technique in the
measurement of microsecond rotational dynamics, we have
compared the theoretical rotational correlation time calculated
from the Stokes-Einstein equation (see legend to Figure 1)
with the measured rotational correlation time of a model
protein, BSA, covalently modified with erythrosin iodoac-
etamide (Er-IA).

The rotational dynamics of Er-IA-labeled BSA in 90%
(w/w) glycerol were measured between 3 and 20°C, where
the differential phase and modulated anisotropy data at each
of 4 temperatures were collected at 17 modulation frequen-
cies between 0.1 and 20 kHz. Data were fit using the method
of nonlinear least-squares to a sum of exponentials (30). In
all cases, the rotational dynamics of BSA were best described
by two rotational correlation times, i.e., 0.5 and 8.7µs at 15
°C. The larger rotational correlation time agrees with earlier
measurements of the global rotational motion of BSA (31).
The smaller rotational correlation time (0.5µs) probably
reflects domain motion within BSA (32). In all cases the
larger rotational correlation time, whose preexponential
amplitude was 0.76 at 15°C, dominates the phosphorescence
anisotropy decay. At all four temperatures, the measured
(φexp) and calculated (φtheory) rotational correlation times agree
(Figure 1B), indicating that FD phosphorescence anisotropy
measurements accurately measure the microsecond rotational
dynamics of proteins.

Measurement of the Phosphorescence Lifetimes and
Rotational Dynamics of Er-ITC-Labeled Ca-ATPase.We
have selectively labeled Lys464 within an ATP protectable
site on the cytoplasmic domain of the Ca-ATPase, using
conditions that have previously been shown to preserve the
catalytic activity associated with high-affinity nucleotide
binding (12). To minimize FRET between Er-ITC molecules,
we used less than stoichiometric amounts of Er-ITC (ap-
proximately 1 nmol mg-1 SR protein) bound to the Ca-
ATPase (approximately 4 nmol mg-1 SR protein) (33). Thus,
global structural changes of the phosphorylation domain can
be measured using equilibrium conditions that stabilize
different enzymatic states.

FD measurements of the rotational dynamics of the Ca-
ATPase require the measurement of the phosphorescence
lifetime. Therefore, the frequency response of the phase delay
and modulation of Er-ITC bound to the Ca-ATPase was
measured at 20 frequencies between 0.1 and 100 kHz (Figure
2A). The intensity decay of Er-ITC bound to the Ca-ATPase
can be adequately described as a sum of four exponentials,
as shown by the random distribution of the weighted residuals
(Figure 2E). The average phosphorescence lifetime of Er-
ITC bound to the Ca-ATPase is 320( 60µs at 25°C (Table
1), which is sufficiently long to enable the measurement of
internal domain motions and the overall uniaxial rotational
motion of the Ca-ATPase with respect to the membrane
normal (34, 35).

Resolution of the rotational dynamics of Er-ITC bound to
the Ca-ATPase involved the measurement of the differential
phase and modulated anisotropy between 0.2 and 20 kHz
(Figure 3). The frequency-domain anisotropy data can be
adequately described as a sum of three exponentials, as

A(Ao,As,At) ) ∑
r)1

N (N - 1)!

(r - 1)!(N - r)!
(f)r-1(1 - f)N-r ×

[Ao - (Ao - As)

(r -1)(Ao - As)

(N -1)(As - At)

1 +
(r -1)(Ao - As)

(N -1)(As - At)
] (1)

Aobserved) [fa × Aa(Na)] + [(1 - fa) × Ab(Nb)] (2)
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shown by the randomly weighted residuals (Figure 3E; Table
2). The fit to the three-exponential model is superior to a
model involving two rotational correlation times and a
residual anisotropy, which is characterized by a 2-fold larger
ø2

R and nonrandom residuals (data not shown). The initial
anisotropy (r0 ) 0.37 ( 0.03; Table 2) is close to the
theoretical maximum of 0.4, indicating that we have resolved
the majority of the phosphorescence anisotropy decay, and
that Er-ITC is rigidly bound to Lys464 (36-40). Thus, the
specificity of labeling and the time-scale of motion are
appropriate for the detection of global structural rearrange-
ments that may be involved in the catalytic cycle of the Ca-
ATPase.

Calcium-Induced Dynamic Structural Changes of the
Phosphorylation Domain.Global structural rearrangements
involving domain motions within the Ca-ATPase that ac-
company the transport cycle of the Ca-ATPase were mea-
sured for the Er-ITC-labeled Ca-ATPase under equilibrium
conditions that stabilize different enzymatic intermediates
(41, 42). These conditions involve (i) the absence of a bound
ligand (E), (ii) calcium activation (E‚Ca2), (iii) the presence
of a bound nucleotide (E‚ATP), and (iv) formation of
phosphoenzyme (E-P). In all cases the data are adequately
described by a model involving three rotational correlation
times (see above). Calcium activation results in substantial
differences in the modulated anisotropy and differential phase
shifts compared with any of the other enzyme intermediates

(Figure 4). Similar calcium-dependent increases in the
rotational dynamics are observed upon the addition of either
10 or 100µM CaCl2, indicating that the observed structural
changes are the result of specific binding to the high-affinity
calcium sites. A consideration of the fitting parameters
obtained for each catalytic intermediate indicates that the
increase in the rotational dynamics of the Ca-ATPase
associated with calcium activation primarily results from an
increase in the amplitude (g1r0) associated withφ1, without
significant changes in any of the rotational correlation times
(Table 3). The increase in the average lifetime of the calcium-
activated enzyme at pH 7.0 suggests that calcium activation
results in a decreased polarity in the vicinity of bound Er-
ITC at Lys464 (Table 3).

Physical Significance of Measured Rotational Correlation
Times.The physical basis of the observed rotational cor-
relation times (φ1 ) 5 ( 1 µs, φ2 ) 50 ( 10 µs, andφ3 )
1.1 ( 0.4 ms; Tables 2 and 3) can be appreciated by
comparison with rotational correlation times calculated for
specific models. For example, a rotational correlation time
of SR vesicles can be calculated from the Stokes-Einstein
equation if the diameter of the vesicles is known. Using
dynamic light scattering, the measured mean radius of SR
vesicles is 98( 9 nm, permitting the calculation of their
volume as (4( 1) × 106 nm3. Thus, the expected rotational
correlation time for SR vesicles in 10% (w/v) sucrose at 25
°C (η ) 1.18 cP;43) can be calculated to be 1.1( 0.4 ms,
in good agreement with the longest component of the
measured rotational correlation times (φ3 ) 1.1 ( 0.4 ms;
Tables 2 and 3); these results are consistent with an
assignment ofφ3 as the overall rotational motion of SR
vesicles.

The expected rotational correlation time (φtheory) of the Ca-
ATPase relative to the membrane normal can be calculated
from the overall dimensions of the transmembrane portion
of the Ca-ATPase and the viscosity (η) of the SR membrane,
previously determined as 3.7 P at a temperature (T) of 25
°C (35, 44), where

The structure of the Ca-ATPase has been solved at 8 Å
resolution (5, 7). The height (h) of the transmembrane helices
is 3.2 nm, and the cross-sectional area of the transmembrane
helices relative to the membrane normal can be approximated
as an ellipse whose major (a) and minor (b) axes are 3.0
and 2.0 nm, respectively. Thus, the expected rotational
correlation time for a monomeric form of the Ca-ATPase in
SR lipids is about 24µs. However, the Ca-ATPase has been
suggested to function as a dimer within the SR membrane
(42, 45-49). While the relative orientation of Ca-ATPase
polypeptide chains with respect to one another is unclear
within native SR membranes, the structure of tubular crystals
of the Ca-ATPase suggests the major axis (a) to be
approximately 5.5 nm (5). Thus, the estimated rotational
correlation time for such a dimer is 62µs, which is similar
to that observed for the Er-ITC labeled Ca-ATPase (φ2 )
50 ( 10 µs; Table 2). The smallest rotational correlation
time (φ1 ) 5 ( 1 µs; Tables 2 and 3) is therefore too short
to correspond to uniaxial rotational motion of the entire Ca-
ATPase polypeptide chain. However,φ1 is longer than

FIGURE 2: Phosphorescence lifetime data for Er-ITC bound to the
Ca-ATPase. (A) Frequency-responses and multiexponential fits to
a sum of four exponentials are shown corresponding to phase shift
(O) and modulation (b) for Er-ITC bound to the Ca-ATPase in
native sarcoplasmic reticulum vesicles. Weighted residuals are
shown for the fits to the (B) one-, (C) two-, (D) three-, (E) four-,
and (F) five-exponential functions, respectively. The corresponding
ø2

R values for these fits were 16 400, 40, 1.8, 0.9, and 0.8.
Experimental conditions involved 0.3 mg mL-1 Er-ITC-modified
Ca-ATPase in buffer A in the presence of 0.1 mM CaCl2, 3 units
of glucose oxidase, 30 units of catalase, and 17 mM glucose at 25
°C. Frequency-domain errors in the measurement of the phase shift
and modulation were 0.2° and 0.005, respectively.

φr )
2πηh(a2 + b2)

k × T
(3)
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domain motions observed for proteins in aqueous medium
which generally occur on the submicrosecond time scale (10,
37). Thus, φ1 likely corresponds to a restricted motion
involving the cytosolic domain of the Ca-ATPase, whose
rotational mobility is hindered by its linkage to transmem-
brane helices through the stalk region (5, 7, 9).

Correlation between Rotational Dynamics of the Ca-
ATPase and Membrane Viscosity.Further substantiation of
the physical significance of the observed rotational correla-
tion times of Er-ITC-labeled Ca-ATPase is possible by
considering the direct relationship between the rate of
uniaxial rotational motion of the Ca-ATPase and membrane
viscosity (η) (44, 50, 51). We have therefore compared the
temperature dependence of the rotational dynamics of the
Ca-ATPase and SR phospholipids; rotational correlation
times (φ1, φ2, andφ3) and associated amplitudes (r0g1, r0g2,
and r0g3) of the Er-ITC-labeled Ca-ATPase are shown in
Figure 5. As expected, the rotational correlation times
associated withφ2 and φ3, assigned as overall rotational
motion of the Ca-ATPase and SR vesicle tumbling, decreased

with increasing temperature, indicating that the rates of their
respective rotational motions increase. These rates of motion
exhibit a linear Arrhenius relationship forφ2 (Figure 6A)
andφ3 (data not shown), with respective activation energies
of 5.6 ( 0.5 and 1.5( 0.5 kcal mol-1. In contrast, the
rotational correlation time associated withφ1 increases with
increasing temperature between 2 and 15°C, is approxi-
mately constant between 15 and 25°C, and finally decreases
above 25°C (Figure 5D). Thus,φ1 is not directly related to
changes in either overall protein rotational motion (i.e.,φ2)
or membrane viscosity, which has been shown to have a
linear Arrhenius dependence (51, 52). Rather, we suggest
that φ1 corresponds to the rotational dynamics of the
phosphorylation domain, whose structural elements include
transmembrane helices involved in high-affinity calcium
binding that may function to reduce the rate of domain
motion (7). The decreased rate of motion between 2 and 15
°C suggests the presence of temperature-dependent structural
rearrangements between cytosolic domains, consistent with
earlier results that also reported a temperature-dependent
change in the electron density profile of individual Ca-
ATPase polypeptide chains (53). A similar temperature
dependence is observed betweenφ1 and phosphoenzyme
formation from inorganic phosphate (54, 55), suggesting that
such structural changes may be critical to the formation of
phosphoenzyme. This interpretation is consistent with the
observation that phosphoenzyme formation is an entropy-
driven process involving enhanced protein-protein interac-
tions (56, 57).

Additional support that the 50µs rotational correlation time
(i.e.,φ2; Tables 2 and 3) corresponds to the overall rotational
motion of the Ca-ATPase with respect to the membrane
normal comes from a quantitative consideration of the
temperature dependence of membrane viscosity, which was
measured using the fluorescent phospholipid analogue DPH-
PC incorporated into (i) native SR membranes and (ii) in
vesicles made from extracted SR lipids. The anisotropy
decays of DPH-PC incorporated into either SR lipid vesicles
or SR membranes were adequately described by two
rotational correlation times (i.e.,φL1 andφL2) and a residual
anisotropy (r∞), which are associated with rapid intramo-
lecular chain isomerization (φL1 ≈ 0.1 ns), acyl chain
reorientations about the bilayer normal (φL2 ≈ 4 ns), and
the order parameter of the phospholipid acyl chains (17, 58).
The rotational correlation times, residual anisotropy, and
activation energy associated with phospholipid acyl-chain
reorientation relative to the membrane normal (i.e., 1/φL2)
are all larger in SR membranes (r∞ ) 0.127;Ea ) 4.4( 0.5
kcal mol-1) relative to the vesicles made from SR lipids (r∞
) 0.073;Ea ) 3.3( 0.2 kcal mol-1) (Figure 6). These results
are consistent with previous measurements indicating that
the Ca-ATPase restricts the mobility of 43% of the phos-

Table 1: Phosphorescence Intensity Decay Parameters of ErITC-Labeled Ca-ATPasea

f1 τ1 (µs) f2 τ2 (µs) f3 τ3 (µs) f4 τ4 (µs) <τ>b (µs) øR
2

1.0 130 (120) 130 (120) 16358
0.09 (0.01) 1.8 (0.1) 0.91 (0.01) 320 (20) 290 (20) 40
0.09 (0.01) 1.7 (0.1) 0.06 (0.02) 80 (10) 0.85 (0.02) 360 (10) 310 (10) 1.8
0.08 (0.04) 1.7 (0.1) 0.01 (0.01) 20 (10) 0.08 (0.08) 110 (30) 0.83 (0.05) 370 (70) 320 (60) 0.9

a Measurements involved 0.3 mg mL-1 SR vesicles in buffer A and 100µM CaCl2 at 25 °C. Parameters are derived from a nonlinear least-
squares fit of the data to multiexponential decay models:I(t) ) ∑Rie-t/τ (29). Numbers in parentheses are the maximal variance associated with
one standard deviation determined from a Global analysis of the data (30). b <τ> ) ∑fiτi wherefi ) Riτi/∑Riτi.

FIGURE 3: Frequency-domain phosphorescence anisotropy data for
Er-ITC bound to the Ca-ATPase. Differential phase angle (A) and
modulated anisotropy (B) of Er-ITC-labeled Ca-ATPase with
superimposed fits to a model involving three exponentials. Weighted
residuals are shown for the (C) one-, (D) two-, (E) three-, and (F)
four-exponential fits to the data, assuming frequency-independent
errors in the measurement of the differential phase and modulated
anisotropy of 0.2° and 0.005. The correspondingø2

R values for these
fits were 171, 4.0, 1.0, and 1.0, respectively. Experimental
conditions are as described in the legend to Figure 2.
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pholipid acyl chains, which are in contact with the Ca-
ATPase (59). The activation energy of these protein-
associated lipids [Ea(PALs)] can be estimated to be 5.8(
1.1 kcal mol-1, where

The similar activation energies associated with the rotational
dynamics of the PALs and the Ca-ATPase (Figure 6A;Ea

) 5.6 ( 0.5 kcal mol-1) provide strong evidence that the
measured 50( 10 µs correlation time (φ2) corresponds to
overall protein rotational motion about the membrane normal
(Tables 2 and 3).

Protein-Protein Interactions between Ca-ATPase Polypep-
tide Chains.Calcium-induced alterations in the rotational
dynamics of the phosphorylation domain (see above) may
involve alterations in protein-protein interactions (42).
Furthermore, temperature-dependent changes in protein-

protein associations have been suggested to explain the large
temperature dependence of enzyme activity and phospho-
enzyme formation below 20°C (35). Therefore, to detect
possible alterations in protein-protein associations that may
contribute to the observed changes in rotational dynamics,
we have measured the steady-state fluorescence polarization
(P) of FITC chromophores bound to adjacent Ca-ATPase
polypeptide chains; a close proximity between FITC chro-
mophores reducesP through FRET (23-25). A similar
decrease in the emission anisotropy [(1/P - 1/3)-1] is
observed upon increasing the stoichiometry of FITC labeling
at both 5 and 30°C (Figure 7A). Calcium activation also
results in essentially no difference in the anisotropy of FITC
(data not shown). Together, these results suggest that there
are no significant ligand- or temperature-dependent differ-
ences in association between Ca-ATPase polypeptide chains
(Figure 7A). After disruption of oligomeric interactions
between Ca-ATPase polypeptide chains by detergent solu-
bilization, the emission anisotropy becomes independent of
the labeling stoichiometry of FITC. These latter results are
consistent with the specific labeling of a single site on each
Ca-ATPase polypeptide chain, and indicate that the loss of
anisotropy accompanying saturation of FITC sites in native
SR membranes results from FRET between FITC chro-
mophores bound to adjacent Ca-ATPase polypeptide chains
(16, 24). The small decrease in emission anisotropy following
detergent solubilization at 30°C in comparison to the results
obtained at 5°C suggests the presence of increased rotational
dynamics at the higher temperature.

A quantitative consideration of the decrease in the emission
anisotropy upon increasing the labeling stoichiometry of
FITC indicates the presence of subunit interactions between
Ca-ATPase polypeptide chains (Figure 7A; see eq 1 under
Experimental Procedures). While the optimal fit to the data
suggests that the average oligomeric state (N) of the Ca-
ATPase in native SR membranes is a trimer or larger, earlier
results have shown (i) that the Ca-ATPase functions as a
dimer and ii) that nonspecific associations between Ca-
ATPase polypeptide chains result in the formation of large
aggregates (34, 35, 47, 60, 61). We have therefore fit the
depolarization data to a two-state model involving dimers
of the Ca-ATPase in equilibrium with higher molecular mass
species (e.g., dodecamers) immobilized on the time-scale of
our phosphorescence measurements, permitting an estimation
of the maximal amount of nonspecific association within
native SR membranes. Irrespective of the temperature, we
find that less than 10% of Ca-ATPase species form higher
molecular mass aggregates, and that there are no significant
differences in protein-protein associations at 5 and 30°C
(Figure 7B). Thus, changes in the microsecond rotational

Table 2: Phosphorescence Anisotropy Decay Parameters of the ErITC-Labeled SRa

r0 g1 φ1 (µs) g2 φ2 (µs) g3 φ3 (µs) øR
2

0.29 (0.04) 1.0 30 (10) 212
0.35 (0.02) 0.73 (0.02) 9 (1) 0.27 (0.02) 500 (100) 5.5
0.37 (0.03) 0.61 (0.04) 5 (1) 0.21 (0.03) 50 (10) 0.18 (0.02) 1100 (400) 0.9

a Measurements involved 0.3 mg mL-1 SR vesicles in buffer A and 100µM CaCl2 at 25 °C. Numbers in parentheses represent the maximal
variance associated with one standard deviation obtained from a global analysis of the error surface (30). Parameter values were obtained by fitting
the data to the equation:

A(t) ) r0∑
i

gie
-t/φi.

FIGURE 4: Enhanced microsecond rotational dynamics of the
cytoplasmic domain of the Ca-ATPase upon calcium activation.
Differential phase angle (A) and modulated anisotropy (B) are
shown after either calcium activation (b) or phosphoenzyme
formation (O). Weighted residuals are shown below the corre-
sponding plots. Lines represent three-exponential fits to the data,
whereø2

R is 1.7 (b) and 1.2 (O). Measurements were carried out
using 0.3 mg mL-1 Er-ITC-labeled Ca-ATPase in buffer B [20 mM
MES (pH 6.0), 20 mM MgCl2, 20 mM K2HPO4, and 0.3 M sucrose]
in the presence of either 0.1 mM CaCl2 (b) or 1 mM EGTA (O).
Frequency-domain errors in the measurement of the differential
phase and modulated anisotropy were 0.2° and 0.005, respectively.

Ea(PALs) )
Ea(SR)- 0.57× Ea(lipids only)

0.43
(4)
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dynamics of Er-ITC associated with either calcium activation
or temperature changes are largely the result of global
structural rearrangements of the phosphorylation domain
within a single Ca-ATPase polypeptide chain.

DISCUSSION

Summary of Results.High-affinity ATP binding and
hydrolytic activities are retained following covalent attach-
ment of the phosphorescent label Er-ITC to Lys464 within

the phosphorylation domain (12), permitting the measurement
of catalytically important global conformational changes
involved in calcium transport. We find that calcium activation
(E‚Ca2) increases large-amplitude domain motions of the
phosphorylation domain in comparison to enzymatic states
corresponding to the absence of bound ligands (E), the
presence of bound nucleotide (E‚ATP), or the phosphoen-
zyme intermediate (E-P) (Figure 4; Tables 2 and 3). In
contrast, neither the average conformation nor the extent of
protein-protein associations is significantly altered as a result
of calcium activation. These results suggest an important role
for dynamic structural changes of the phosphorylation
domain in defining the vectorial transport mechanisms of
the Ca-ATPase.

Relationship to Other Work.The nucleotide binding site
is spatially distant from the sites for high-affinity calcium
binding (62-64). However, while the long-range structural
coupling between these distant sites is an essential feature
with respect to the reaction mechanism (2), the details of
the structural changes responsible for conformational cou-
pling remain unclear. Local structural changes within the
cytosolic domains and transmembrane helices of the Ca-
ATPase that correlate with calcium activation and ATP
utilization have been resolved using steady-state fluorescence
measurements coupled with transient kinetic measurements
using intrinsic or covalently bound spectroscopic probes (63,

Table 3: Average Lifetimes and Anisotropy Decay Parameters for Er-ITC-Labeled Ca-ATPasea

sample <τ> (µs) r0 g1 φ1 (µs) g2 φ2 (µs) g3 φ3 (µs)

Buffer Ab (pH 7.0)
Ed (EGTA) 302 (4) 0.37 (0.01) 0.62 (0.02) 4.7 (0.5) 0.20 (0.02) 47 (9) 0.18 (0.01) 900 (200)
E‚Cae 351+ (18) 0.36 (0.01) 0.68+ (0.01) 5.7 (0.5) 0.16* (0.01) 54 (10) 0.16 (0.01) 1300 (600)
E‚ATPf (EGTA) 286 (5) 0.37 (0.01) 0.64 (0.01) 4.6 (0.4) 0.19 (0.01) 48 (8) 0.17 (0.01) 1200 (400)

Buffer Bc (pH 6.0)
E-Pg (EGTA) 277 (4) 0.35 (0.01) 0.62 (0.02) 5.3 (0.4) 0.20 (0.01) 69 (11) 0.18 (0.01) 1800 (600)
E‚Cah 277 (5) 0.35 (0.01) 0.68+ (0.01) 6.2 (0.3) 0.14+ (0.01) 67 (7) 0.18 (0.01) 1200 (200)
a Average phosphorescence lifetime and anisotropy decay parameters are derived from five to eight independent measurements. Numbers in

parentheses are the associated standard errors of the mean. Significant differences are indicated at confidence levels of 90% (*) and 95% (+), as
determined by theF-statistic.b Buffer A contains 35 mM MOPS (pH 7.0), 0.1 M KCl, 5 mM MgCl2, and 0.3 M sucrose.c Buffer B contains 20
mM MES (pH 6.0), 20 mM MgCl2, 20 mM K2HPO4, and 0.3 M sucrose.d Buffer A + 200 µM EGTA. e Buffer A + 100 µM CaCl2. f Buffer A
+ 5 mM Mg‚ATP + 200 µM EGTA. g Buffer B + 1 mM EGTA. h Buffer B + 100 µM CaCl2.

FIGURE 5: Temperature dependence of phosphorescence anisotropy
decay parameters. Amplitudes (A-C) and rotational correlation
times (D-F) are shown for Er-ITC-modified Ca-ATPase in buffer
A in the presence of 0.1 mM CaCl2. Error bars represent standard
deviations of two independent measurements.

FIGURE 6: Arrhenius plots of protein and lipid rotational dynamics.
Temperature-dependent changes in rotational correlation times of
the Ca-ATPase (A) or membrane phospholipids either in native
SR membranes (B) or in vesicles made from extracted SR lipids
(C) were used to measure activation energies of rotational dynamics.
Solid lines represent the best linear fits, whose activation energies
and linear regression coefficients were (A) 5.6( 0.5 kcal mol-1

and 0.98( 0.03 for the Ca-ATPase (O), (B) 4.4( 0.5 kcal mol-1

and 0.97( 0.04 for SR membranes (0), and 3.3( 0.2 kcal mol-1

and 0.99( 0.02 for vesicles made from extracted SR lipids (4).

FIGURE 7: Relative proximity of Ca-ATPase polypeptide chains.
(A) Steady-state emission anisotropy for FITC bound to the Ca-
ATPase measured at 5°C (O, b) and 30°C (0, 9) in the absence
(O, 0) or presence (b, 9) of 0.6 mM C12E8, where lines represent
the least-squares fit to the data assuming FRET within a Ca-ATPase
trimer (eq 1 under Experimental Procedures). (B) Error surfaces
associated with fractional populations of Ca-ATPase dimers at 5
°C (dotted line) or 30°C (solid line), assuming an equilibrium
between dimers and dodecamers (eq 2 under Experimental Proce-
dures). The horizontal line indicates one standard deviation.
Experimental conditions involved 0.05 mg mL-1 SR in buffer A
in the presence of 0.1 mM CaCl2.
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65, 66). Likewise, global conformational changes have been
identified that are associated with (i) small alterations in the
electron density of the cytosolic domains of the Ca-ATPase
upon calcium activation and (ii) a large 8% redistribution
of mass into the bilayer upon ATP-dependent phosphoen-
zyme formation (67-70). Consistent with the presence of
global structural changes within the cytoplasmic portion of
the Ca-ATPase upon enzyme phosphorylation, small alter-
ations in the spatial arrangement between Ca-ATPase
polypeptide chains have been resolved using FRET measure-
ments (42). However, there are no large structural differences
between the calcium-activated and phosphoenzyme forms
of the Ca-ATPase that effect either the secondary structure,
the molecular distances between chromophores located on
Lys515 and Cys674, or the average hydrodynamic properties
of the Ca-ATPase with respect to the membrane normal (42,
71-76). In contrast, large differences in the average con-
formation of the cytosolic domains are observed using image-
enhanced electron microscopy for multilamellar crystals of
the Ca-ATPase stabilized in the presence of 10 mM CaCl2

compared with tubular crystals of the Ca-ATPase formed in
the presence of 5 mM vanadate, which are expected to favor
the formation of the two major conformational intermediates
involved in the calcium transport mechanism (7, 9). However,
under these latter experimental conditions involving high
calcium concentrations or the presence of a distribution of
vanadate species, it is unclear how the resolved enzyme
conformations relate to physiological intermediates important
to the calcium transport mechanism since (i) multiple low-
affinity calcium binding sites are occupied in the presence
of millimolar concentrations of calcium and (ii) the presence
of multiple species of vanadate exists in solution that may
stabilize the Ca-ATPase in a conformation not present under
physiological conditions (9). Using frequency-domain phos-
phorescence anisotropy to measure the rotational dynamics
of the phosphorylation domain of the Ca-ATPase stabilized
in different enzymatic states, we observe that neither calcium
activation nor phosphoenzyme formation results in any
significant differences in the rotational correlation time (φ1)
or normalized residual anisotropy (i.e.,g3) of the phospho-
rylation domain. Likewise, there are no ligand-dependent
changes in the overall rate of rotational motion of the Ca-
ATPase with respect to the membrane normal (φ2), indicating
that the average dimensions of the transmembrane portion
of the Ca-ATPase are not altered (Table 3). Since changes
in the average conformation of the phosphorylation domain
would alter the residual anisotropy (10), these results indicate
that the average conformation of the phosphorylation domain
relative to the bilayer normal does not change appreciably
upon calcium activation relative to other enzymatic states.
Rather, calcium activation results in a larger amplitude of
rotational motion within the phosphorylation domain of the
Ca-ATPase (Figure 4; Table 3), suggesting that ligand
binding primarily alters structural elements associated with
interfacial regions between domain elements that function
to modulate hingelike motions involving the two cytosolic
domains of the Ca-ATPase. This latter suggestion is con-
sistent with observed changes in the dimensions of the
cytosolic stalk region upon calcium activation (9, 70). It
should be noted that our measurements do not resolve
structural changes involving the nucleotide binding domain,
and the large changes in the average structure observed in

the presence of 10 mM CaCl2 may therefore reflect changes
in the average conformation of the nucleotide binding domain
relative to the bilayer normal.

Physical Significance of ObserVed Calcium-Dependent
Changes in Rotational Dynamics.The Ca-ATPase has been
suggested to belong to a large superfamily of hydrolases that
are structurally typified byL-2-haloacid dehalogenase (77).
Structural elements that are spatially distant within the
primary sequence create a conserved active site, which has
been suggested to undergo a hingelike motion during
catalysis in analogy to numerous water-soluble protein
kinases (3, 4, 6, 78). The arrangement of predicted secondary
structural motifs within the cytoplasmic domain of the Ca-
ATPase suggests the presence of distinct domains associated
with phosphorylation and nucleotide binding, which may
correspond to the two lobes resolved using image-enhanced
electron microscopy (6, 9, 79). A cluster of shortR-helices
at the carboxyl terminal of the nucleotide binding domain is
found in close contact with the phosphorylation domain, and
has been proposed to form a hinge mediating interactions
between the phosphorylation and nucleotide binding domains
(3, 6, 80). The mutual destabilization between high-affinity
calcium binding within transmembrane helices and the
formation of the phosphoester intermediate at Asp351 in the
phosphorylation domain forms the basis for coupling active
calcium transport to ATP hydrolysis, which may involve a
rigid structural linkage between the M4 transmembrane helix
(Tyr294 to Thr316) involved in calcium binding, the S4 stalk
sequence (Thr317 to Lys329), and the phosphorylation domain
(2, 81). It is therefore of interest to consider the physical
significance of the observed structural changes involving the
phosphorylation domain upon calcium activation. When
modeled as motion within a cone, the amplitude of the
rotational motion associated with the phosphorylation domain
corresponds to a semiangle of approximately 44° (Tables 2
and 3) (37, 82). This large amplitude of motion is consistent
with rigid-body translocation of a domain about a hinge (78),
and is comparable to what has previously been resolved in
myosin, actin, immunoglobulins, dihydrofolate reductase, and
T4 lysozyme (37, 38, 83-88). Phosphorylation or nucleotide
binding to the Ca-ATPase results in no changes in the
amplitude and rate of domain motion relative to apo-enzyme,
suggesting that there are no alterations in the interaction
between cytosolic domain elements. Upon calcium binding,
the semiangle of the amplitude of the phosphorylation
domain motion increases by 4( 1° (Table 3). This dynamic
structural change may contribute to the structural coupling
between the phosphorylation domain and the high affinity
calcium binding sites located in the transmembrane helices.
For example, previous work has shown that calcium activa-
tion results in a reorientation of transmembrane helices and
associated structural changes near the bilayer surface (7, 9,
70, 89, 90), which may alter the stiffness of the collinear
stalk region associated with the phosphorylation domain and
thereby modulate the amplitude of domain motion. Thus,
calcium-dependent structural changes may promote the
transfer of theγ-phosphoryl group from ATP to form the
phosphoester linkage and its subsequent hydrolysis. The
reduced mobility of the phosphorylated enzyme intermediate
in comparison to the calcium-activated form of the Ca-
ATPase is furthermore consistent with earlier suggestions
that phosphoenzyme formation is an entropy-driven reaction
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facilitated by the displacement of water from the catalytic
site, which stabilizes interactions between tertiary structural
elements (54, 56, 57).

Conclusions and Future Directions.Large-amplitude mo-
tions of the phosphorylation domain involving structural
elements in both the cytosolic and transmembrane regions
of the Ca-ATPase are enhanced upon calcium activation
(Figure 4). The structural linkage between cytosolic and
transmembrane sequences provides a plausible physical
mechanism to explain how calcium activation facilitates
phosphoenzyme formation and hydrolysis. Thus, upon
calcium binding the larger amplitudes associated with the
domain motion of the phosphorylation domain are consistent
with alterations in the structure of the stalklike region
observed by image-enhanced electron microscopy (9), and
may facilitate both ATP binding and transfer of theγ-phos-
phoryl group from ATP to form the phosphoester intermedi-
ate at Asp351. However, the current results provide no
information regarding possible changes in the average
conformation of the nucleotide binding domain or regarding
possible transient conformations in the enzymatic reaction
mechanism. Future experiments should be directed at detect-
ing kinetic intermediates and in defining additional labeling
sites that permit the selective labeling and measurement of
possible changes in the average conformation of the nucle-
otide binding domain for the Ca-ATPase stabilized in
different enzymatic states.
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